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INTRODUCTION
Proteins, lipids, nucleic acids and other biomolecules form the 
highly sophisticated molecular machinery of the living cell that 
works and responds to its environment in a complex manner.  
To fulfill their versatile functions, these molecular machines  
have heterogeneous structural, biophysical and biochemical  
properties that can change dynamically as required by the  
cell. Atomistic and theoretical models are frequently applied to 
calculate these properties1–6; however, such calculated properties 
can be quite different from those determined experimentally. The 
reasons for such discrepancies can be manifold. For instance, the 
biophysical and biochemical properties of molecular machines 
change depending on pH, electrolyte concentration, temperature 
and interactions with other biomolecules.

As intracellular conditions are highly heterogeneous, the  
properties of molecular machines depend on the machines’  
location within the cell. In addition, the structural and functional 
properties of most molecular machines vary between individuals.  
Therefore, conventional bulk methods, such as those applied 
to determine structural (e.g., X-ray or electron crystallography, 
NMR, circular dichroism spectroscopy) or functional details  
(e.g., enzymatic assays, calorimetry, UV-visible spectroscopy), 
mostly provide information on the prevailing conditions of 
molecular machines. It is important to quantify and structur-
ally map the biophysical and biochemical properties of single 
molecular machines in the living cell or at least in physiologically 
relevant conditions7–10.

Single-molecule approaches enable researchers to address the 
individuality of the cellular machinery and the role of hetero-
geneity. Recent developments in FD curve–based AFM enable 
one to combine sub-molecular imaging with quantitative 
mapping of physical, chemical and biological properties11,12.  
In the following sections, we provide a brief overview of the  
history of high-resolution (~1 nm) AFM imaging and AFM-based 
force spectroscopy of native proteins. We discuss how, at present, 
both applications are combined in FD-based AFM, which enables  
the quantitative multiparametric imaging and characteriza-
tion of biomolecular systems under physiological conditions.  
Finally, we present protocols for applying FD-based AFM to the 

characterization of native proteins and protein complexes in vitro. 
Although the protocols are applied to the quantitative imaging 
of native membrane and water-soluble proteins, they are equally 
applicable to imaging nucleic acids, whether as single molecules 
or in complex, as well as to other biomolecules that shape the 
molecular machinery of the cell.

High-resolution AFM imaging of single native proteins
AFM was originally conceived as a tool for the high-resolution 
imaging of the surface of objects in air, under vacuum and, most 
importantly for biological applications, in buffered solution13–15. 
Thus, it is straightforward to apply AFM to the imaging of native 
biological specimens16. In its early years, AFM was operated  
mainly in contact mode, in which the AFM stylus is pressed  
onto the sample with constant force while it is ‘contouring’  
the sample surface (imaging the surface of the sample by  
measuring contact interaction). Contact-mode AFM applied  
to smooth biological samples, such as membrane proteins  
embedded in their native lipid bilayer, revealed surprising  
structural details17–21. Atomistic structural models assessing  
AFM topographs have shown that contact-mode imaging, if  
properly adjusted, enables to contour the surface of native  
proteins at sub-nanometer resolution18,22. The best attainable 
lateral and vertical resolutions of native membrane proteins 
approach 0.5–0.7 nm and ~0.1 nm, respectively23,24.

In addition to achieving such high resolutions, time-lapse AFM 
enabled the observation of single membrane proteins at work25,26. 
Examples include the surface layer (S-layer) from Deinococcus 
radiodurans27, the outer membrane proteins (Omps) OmpG and 
OmpF from Escherichia coli24,28, the connexins that form commu-
nication channels of epithelial cells29,30, the light-driven proton 
pump bacteriorhodopsin from Halobacterium salinarum31,32, the 
ATP-gated P2X4 purinergic receptor33, the ligand-gated potassium 
channel MlotiK1 from Mesorhizobium loti34 and the pH-gated 
KcsA potassium channel35. Membrane proteins have also been 
imaged in motion during diffusion, assembly and rotation36–42.

A disadvantage of AFM imaging in contact mode is that  
lateral forces between the scanning AFM stylus and the soft  
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biological sample are difficult to control. Consequently, single 
proteins, fibrils or larger complexes that show corrugations of 
more than a few nanometers in height are easily deformed or dis-
placed from their support by the scanning AFM stylus. To address 
this problem, oscillation-mode AFM, in which the AFM stylus 
oscillates vertically and interacts with the fragile biological sam-
ple at the end of the downward movement, was introduced43–45. 
Interaction with the sample changes the amplitude (or frequency) 
of the oscillating AFM stylus, which is used as feedback to contour 
the sample. This approach markedly reduces the contact time and 
friction between the AFM stylus and the sample and enables you 
to image weakly adsorbed biomacromolecules that are difficult 
to image using contact-mode AFM46–57.

As applied to membrane proteins, the smallest structural details 
observed using oscillation-mode AFM approach in size those 
observed using contact-mode AFM58. However, the mechanisms 
that contribute to the contrast of oscillation-mode AFM images 
in liquids are not well understood, which sometimes makes the 
data collected difficult to interpret59–63. Because, compared with  
contact-mode AFM, oscillation-mode AFM is so much easier 
to use and often less invasive, it is widely used for the imaging  
of biological samples. Consequently, a broad range of native  
proteins can be observed at work by using oscillation-mode 
AFM31,51,56,64–66. A shortcoming of both contact- and oscillation- 
mode AFM is that they are limited in terms of quantifying 
and mapping biological, chemical and physical parameters.  
In the following section, we discuss the use of AFM in force- 
spectroscopy mode, which enables the quantification of the  
manifold interactions occurring between the AFM stylus and  
the biological sample under physiologically relevant conditions.

Force spectroscopy of single proteins
Shortly after the first applications of AFM to image biological 
systems, it was observed that the AFM stylus can be used for 
micro- and nanomanipulation. Early AFM-based manipulations 
included the dissection of nucleic acids, membrane protein com-
plexes, junctional membranes and chromosomes36,67–69. It was 
also observed that the AFM stylus can act as a nanometer-sized 
probe and quantify electrostatic, van der Waals and hydrophobic 
interactions between itself and the biological samples70–75. To 
quantify these interaction forces, usually ranging from piconew-
tons to nanonewtons, AFM is operated in force-spectroscopy 
mode, in which the AFM stylus is made to approach the sample 
surface vertically, make contact with it and then retract from it. 
During approach and retraction, the vertical displacement of the 
AFM stylus and sample and the deflection (e.g., force) of the 
AFM cantilever are recorded in so-called force-displacement (FZ) 
curves. Subtraction of the cantilever deflection from the vertical 
displacement converts an FZ curve into a FD curve that is used 
to quantify the distance dependence of the interaction forces 
between the AFM stylus and the sample76.

In addition to quantifying the inter- and intramolecular  
interaction forces of biological systems, the AFM stylus can be 
used to probe mechanical properties. Therefore, the AFM stylus  
is indented into and retracted from the sample while the mechani-
cal response of the sample is being measured76. Such indentation-
retraction experiments can provide insight into the deformation,  
elastic modulus, viscoelasticity, pressure, material fatigue,  
adhesion, electrostatic properties and energy dissipation of a bio-
logical sample. Shortly after the discovery that interactions can be 

detected between the AFM stylus and a sample, procedures were 
developed to use AFM-based force spectroscopy to characterize 
the specific binding of a ligand to its receptor. In this approach, 
the AFM stylus is functionalized with a receptor (or ligand) and a 
supporting surface with a corresponding ligand (or receptor)77–79. 
When the functionalized AFM stylus is brought into contact with 
the functionalized support, the receptor and ligand pair can bind. 
Retraction of the stylus from the support forces the specific bond 
formed between the receptor and the ligand to break. The force 
required to break the receptor-ligand bond is detected by the 
deflecting AFM cantilever.

FD-based AFM combines AFM imaging and force spectroscopy
AFM operated in the imaging mode and in the force-spectroscopy  
mode opened the door to the nanoworld14, and the idea was 
quickly born to combine both in the so-called FD-based AFM. 
Invented about 20 years ago, FD-based AFM imaging has since 
been optimized to the point that it can image the architecture of 
complex biological systems, such as living cells, cellular mem-
branes, model membranes, protein complexes, and viruses and 
nucleic acids; at the same time, it can quantify and map their vari-
ous properties to piconewton and nanometer resolution11,80–86.

While raster-scanning the native biological sample, FD-based 
AFM records an array of FD curves (Fig. 1). For each pixel of the 
resulting AFM topography, the AFM records FD curves of the 
AFM stylus interacting with the sample at Ångstrom precision 
and piconewton sensitivity. These interaction forces are mapped, 
pixel by pixel, to the biological sample surface. From the result-
ing interaction map, a volume of forces is directly correlated to 
the sample topography11. Because a functionalized AFM stylus 
resembles a multifunctional nanoscopic toolbox, molecular inter-
action forces can be specifically detected and quantified15. This 
functionalization enables FD-based AFM to image complex bio-
logical systems and simultaneously quantify and map biological, 
chemical and physical properties to the molecular scale12.

FD-based AFM of native proteins approaching sub-nanometer 
resolution
For almost two decades, it has not been possible to obtain high-
resolution (<5 nm) topographs of native proteins by FD-based 
AFM. Recent improvements in instrumental precision and data 
acquisition have enabled users to increase the lateral and vertical 
resolutions of FD-based AFM topographs to ~1 and ~0.1 nm on 
native proteins and protein complexes. Specimens analyzed at 
high resolution include the light-driven proton pump bacteri-
orhodopsin from H. salinarum87, the ferric hydroxamate uptake 
receptor (FhuA)88 and OmpF porin89 from E. coli, and pathologi-
cal neurofibrils such as the α-synuclein amyloid fibrils90, human 
islet amyloid polypeptide fibrils91 and human tau fibrils92 (Fig. 2).  
Illustrating the great sensitivity of the method, FD-based AFM 
of bacteriorhodopsin demonstrated that the native membrane 
protein surface can be contoured with sufficient spatial resolution 
to image single polypeptide loops in the fully extended state at low 
imaging forces (<75 pN) or in the reversibly compressed state at 
slightly elevated imaging forces (>75 pN)87,93.

Protocol purpose and description
The purpose of this protocol is to simultaneously contour the 
surface and quantify the biophysical and biochemical properties 
of native proteins at high resolution (~1 nm) by FD-based AFM. 
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We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.
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Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) α-synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.
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and interpretation of the FD-based AFM data. Our examples 
highlight that FD-based AFM can reveal surface structures at  
sub-nanometer resolution and structurally map at the same  
resolution biophysical properties, such as deformation, adhesion, 
energy dissipation and elasticity.

Experimental design
Critical sample immobilization. For their investigation by  
FD-based AFM, water-soluble proteins can be simply adsorbed 
onto a supporting surface. A prerequisite to observe proteins  
in their native state is that the support does not modify their 
structure and/or impair their function. Hydrophilic supports 
are often better suited to maintain the native structure-function 
relationship of proteins than hydrophobic supports that can eas-
ily induce denaturation108,109. Native membrane proteins should 
reside in their native environment, the lipid membrane, which 
stabilizes the membrane protein and makes it much less sensitive 
to interfering interactions with the AFM support.

Membranes extracted from bacterial or animal cells or recon-
stituted protein membranes are 5–10 nm thick and extend later-
ally from ~0.2 to ~10 µm. For high-resolution FD-based AFM 
imaging, these membranes must be flatly adsorbed onto a sup-
port109,110. Membranes that do not spread properly or small pro-
teoliposomes may be spread with the AFM stylus111. Muscovite 
mica and highly ordered pyrolytic graphite (HOPG) are widely 
used supports for AFM because they are atomically flat and clean 
after stripping off the top layers. Mica is negatively charged at 
neutral pH, shows a surface charge density ranging from −0.032 
to −0.0025 C m−2 that depends on the electrolyte concentration 
of the buffer solution112, and is hydrophilic and a good elec-
trical insulator113. By contrast, HOPG exposes a hydrophobic 
surface and is a good conductor114,115. When combining AFM 
with light microscopy, glass slides have proven to be excellent 
supports. Depending on their sizes, the glass supports can be 
directly mounted onto the AFM or glued onto a larger carrier for 
mounting. As detailed in the PROCEDURE, we glue mica sup-
ports onto a thin Teflon foil, which is glued to the metal disc that 
is magnetically mounted to the piezoelectric scanner of the AFM. 
The hydrophobic Teflon spacer prevents the aqueous solution 
covering a hydrophilic sample support from spreading.

Critical cantilever selection. The choice of the cantilever depends 
on which forces, distances and kinetics of the biological system 
are to be investigated by FD-based AFM. For instance, measuring 
the interaction forces that are governed by single biomolecules, 
which typically range from 5 to 250 pN (refs. 116,117), requires 
soft AFM cantilevers (spring constant, k = ~0.01–0.5 N m−1). 
AFM cantilevers immersed in liquids are severely damped, thus 
lowering their quality (Q-) factor from 100 to 500 in air to <20. 
The Q-factor is a dimensionless parameter that is frequently  
used to describe the damping of the cantilever oscillations.  
The Q-factor can be calculated by dividing the resonance  
frequency of the cantilever through the width of the cantilever 
resonance curve. External acoustic, mechanical or electromag-
netic frequencies (see also ‘Setting up the AFM’) within this 
width of the resonance curve can excite the cantilever. Thus, low  
Q-factors, such as those observed in buffer solution, imply that 
the cantilever can be excited at frequencies that are far removed 
from its resonance frequency. Consequently, if the movements 

applied to the cantilever are too fast or close to the cantilever 
resonance frequency, the cantilever could be affected by hydro-
dynamic dragging or it could be excited, which requires complex 
algorithms to reconstruct the FD curves76,118,119. Therefore, as a 
rule of thumb, the resonance frequency of the cantilever in liquids 
should be at least five times higher than the frequency at which  
the cantilever is moved to record FD curves. Furthermore, to 
detect fast biomolecular interactions, cantilevers that show high 
resonance frequencies (>100 kHz) are needed120,121.

It is also important to note that the shape and size of the  
AFM stylus can limit the lateral resolution achieved by  
AFM. Generally, sharp AFM styluses with a small tip radius  
are recommended to achieve high resolution. Therefore, in the 
procedure described herein, we use styluses with a nominal tip 
radius of ~2 nm.

If FD-based AFM focuses on measuring the mechanical 
flexibility or stiffness of a sample, the spring constant (stiffness) of 
the cantilever should be similar to that of the sample84,122–124. If at 
the beginning of the experiment it is difficult to presume a value 
for the sample stiffness, a cantilever showing an intermediate stiff-
ness (~0.1 N m−1) may be chosen. Subsequently, more suitable 
cantilevers should be used to refine the measurement. Ensure that 
the sensitivity of the AFM deflection detection system can impose 
limits in detecting small deflections (e.g., small forces ≤100 pN) 
that occur when applying stiff cantilevers (1 N m−1). When 
determining the stiffness of a biological sample, experimenters 
should consider that the sample’s mechanical properties are often 
structurally heterogeneously distributed. As biological systems 
ranging from lipids, proteins, membranes, and cells to tissues show  
quite heterogeneous structural features, the mechanical properties 
measured should be precisely assigned to structural details and 
to the direction alongside which the mechanical measurements 
are performed (e.g., perpendicular to the surface). Furthermore, 
because biological systems change structural properties dynami-
cally, the functional state at which mechanical measurements were 
performed should be well defined.

The stiffness of biological systems can vary widely, with 
reported values ranging from <1 kPa to several hundreds of kPa 
for living animal cells125–127, from hundreds of MPa to several 
GPa for viruses85,128, from a few MPa to tens of MPa for protein 
membranes103,129,130, from MPa to GPa for single-membrane, 
water-soluble and fibrillar proteins87,92,123,129,131,132 and from 
~10 to ~500 MPa for lipid bilayers87,133,134. When determining 
the mechanical stiffness of a biological sample by FD-based AFM, 
you need to consider that this parameter can strongly depend on 
the velocity of the sensing AFM stylus (e.g., on the force-loading 
rate) and on electrolyte identity, electrolyte concentration and 
pH of the buffer solution103.

As the cantilever deflection sensitivity can change during the 
experiment, we recommend calibrating the deflection sensitivity 
of the cantilever before and after recording FD curves. The deflec-
tion sensitivity of the cantilever is best determined by pressing the 
cantilever stylus to a stiff support (e.g., mica or glass and not the 
biological system). Changes in the cantilever deflection sensitivity 
can have different origins. On the one hand, the position of the 
laser on the cantilever can drift (for instance, owing to tempera-
ture changes). On the other hand, the reflectivity of a cantilever 
can change over the course of an AFM experiment. Alternatively, 
changes in the reflectivity of the cantilever can occur owing to 
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cantilever contamination or to damages of the reflective coating 
layer of the cantilever. For regular AFM experiments, variations 
of the cantilever deflection sensitivity of ≈5–8% within several 
hours can be considered acceptable.

Critical FD curve analysis. To record an FD curve, the AFM 
brings the stylus and the sample into contact and separates them 
again (Fig. 1a). For the accurate analysis of FD curves, it is often 
necessary to define the stylus-sample distance and thus the contact 
point between the AFM stylus and the sample76. However, accu-
rately defining this contact point becomes increasingly complex 
when you are working with native biological systems that are very 
soft and that have structurally heterogeneous and dynamic prop-
erties. Thus, in most cases, the contact point between the AFM 
stylus and the biological sample is only estimated in FD curves 
(Fig. 1b). Fortunately, the error associated with this approxima-
tion is negligible for many AFM applications.

As FD curves record interaction forces between the AFM stylus 
and the sample, the analysis of FD curves can provide insight into 
the nature of these interactions76. Accordingly, physical forces of 
interactions resulting from Coulomb forces, van der Waals forces, 
electric double-layer repulsion, Pauli repulsion, hydrophobic attrac-
tion, solvation forces and water layering have been characterized by 
using FD curves70–76. In addition, biochemical forces stabilizing 
covalent bonds, ligand-receptor pairs, biopolymers, nucleic acids, 
membrane and water-soluble proteins, cellular membranes and lipid 
bilayers have been quantified by recording FD curves77,78,97,135–138. 
Last but not least, FD curves also enable you to link the mechanical 
properties and functions of biological systems47,65,139,140.

Some of the sample properties such as deformation, stiffness, 
elastic modulus, adhesion and energy dissipation that can be 
extracted from FD curves are highlighted in Figure 1c,d. Upon 
indentation of the stiff AFM stylus into the soft biological sample, 
the deformation of the AFM stylus can be neglected. Accordingly, 
the deformation of the much-softer biological sample can be 
determined by subtracting the distances measured at two differ-
ent forces indenting the AFM stylus into the sample (Fig. 1c). 
The mechanical stiffness (e.g., spring constant) of the sample can 
be extracted from a linear slope of the FD curve (from either the 
approach or retraction curve) that is recorded when the AFM sty-
lus and the sample are in contact (Fig. 1d). On the basis of different 
elastic contact models (e.g., the Derjaguin-Muller-Toporov (DMT) 
model) used to estimate the contact area between the AFM stylus 
and the sample, the mechanical stiffness can be used to determine 
the elastic Young’s modulus141–145. Whereas the adhesion force 

between the AFM stylus and the sample is the minimal force of 
the retraction FD curve, the energy of the sample dissipating upon 
separating the AFM stylus is related to the difference area between 
the approach and retraction FD curve (Fig. 1d).

Applicability and limitations of the protocol
This protocol is demonstrated for the characterization of mem-
brane protein bacteriorhodopsin and of amyloid-like fibrils 
assembled from water-soluble human tau, but it is amenable to 
the study of most membrane and water-soluble proteins regard-
less of their origin. Because our protocol is limited to the char-
acterization of single native proteins in vitro, the forthcoming 
great challenge will be to characterize single proteins in their 
native environment of the living cell or tissue. Only then will we 
be able to reach the goal of determining how proteins work in 
the cellular context and how cells control proteins to function as 
required. In this regard, we see our protocol as an important step 
toward structurally quantifying the unique properties of native 
proteins. Importantly, methods that enable the characterization 
of the physical (including mechanical), chemical and biological 
properties of proteins and protein complexes at nanoscale resolu-
tion are becoming increasingly important as part of the investiga-
tive toolkit in life sciences and nanotechnology. This is because 
quantitative high-resolution microscopy methods can access 
properties that are invisible to conventional light microscopy 
and structural biology approaches, and they can be combined 
with chemical (e.g., chemical perturbation, drugs) and genetic 
(e.g., genetic perturbation, mutation) approaches to characterize 
structural and functional phenotypes.

In our protocol, we describe how to achieve high-resolution 
FD-based AFM topographs approaching a lateral resolution of 
~1 nm and a vertical resolution of ~0.1 nm. The simultaneously 
recorded mechanical properties of the native protein show the 
same resolution. Recent procedures developed to chemically and 
biologically functionalize the AFM stylus15,84,86,122 enable you to 
obtain FD-based AFM topographs of biological specimens and to 
simultaneously map specific chemical and biological interactions 
(e.g., ligand binding, chemical groups, substrate transport). These 
procedures must be further adapted to be applicable for high-
resolution (~1 nm) FD-based AFM imaging of proteins. However, 
as described in our protocol, FD-based AFM is readily applied to 
obtain high-resolution topographs and multiparametric maps of 
native proteins. Thus, we believe that FD-based AFM, as described 
here, will lead to further discoveries at the interface of molecular 
biology, physiology and biophysics.

MATERIALS
REAGENTS

Analytical-grade buffers (sodium phosphate dibasic, Na2HPO4, Sigma,  
CAS no. 7558-79-4; potassium phosphate monobasic, KH2PO4, Sigma,  
CAS no. 7778-77-0; tris(hydroxymethyl)aminomethane, Tris; Sigma,  
CAS no. 77-86-1)
Analytical-grade electrolytes (NaCl; Sigma, CAS no. 7647-14-5; KCl,  
Merck, CAS no. 7447-40-7)
DL-DTT (DTT; Sigma, CAS no. 3483-12-3)
Hydrochloric acid, 37% (wt/wt) (HCl; Sigma, CAS no. 7647-01-0)
Sodium azide (NaN3; Sigma, CAS no. 26628-22-8) ! CAUTION NaN3 is 
highly toxic and should be handled accordingly.
Glycerol (Sigma, CAS no. 56-81-5)
Commercially available dishwashing detergent

•

•

•
•
•

•
•

Ultrapure isopropanol, 99.5% (vol/vol) (Fluka, CAS no. 67-63-0)
Ultrapure ethanol, 99.7% (vol/vol) (Fluka, CAS no. 64-17-5)
Purple membranes extracted from H. salinarum146 (Munich Innovative 
Biomaterials) or membranes of choice (see Reagent Setup)
Fibrils assembled from full-length or truncated human tau147 (see Reagent 
Setup, or use amyloid fibrils of your choice)
PBS (see Reagent Setup)
Adsorption buffer for purple membrane (see Reagent Setup)
Imaging buffer for purple membrane (see Reagent Setup)
Adsorption buffer for human tau fibrils (see Reagent Setup)
Imaging buffer for human tau fibrils (see Reagent Setup)
Nanopure water (~18 Ω cm−1, e.g., Purelab Ultra)  CRITICAL Working  
with nanopure, double-distilled or ultrapure water is crucial to avoid 

•
•
•

•

•
•
•
•
•
•
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residual electrolytes and contamination of the sample by molecular debris 
found in normal and deionized water.

EQUIPMENT
Mica punch set (e.g., ‘Punch and die’, Precision Brand Products,  
UPC no. 40105)
Steel disc (e.g., AFM metal specimen disc, 12 mm, Ted Pella, prod.  
no. 16208) or other suitable AFM sample holder (e.g., glass sample holder)
Teflon foil of thickness below 0.2 mm
Stereo light microscope for cantilever mounting (Stemi DV4, Zeiss)
Non-magnetic tweezers (e.g., Dumont no. 7 forceps, 0.17 mm × 0.1 mm, 
11.5 c, art. no. 11297-0)
Muscovite mica (Mica New York Corporation) cleaved to thickness  
less than 0.5 mm
Scotch tape
Teflon-compatible glue (e.g., Loctite 770/406) and chemically inert  
two-component epoxy glue (e.g., Araldite Rapid)
Air-gun with filter and tubing to connect to the nitrogen outlet  
(Air Gun GF-30A and tube connector, Skan)
Active or passive vibration isolation, acoustic noise isolation  
(e.g., noise-absorbing hood or glass bell)
Mechanical vibration analyzer (vibration analyzer VA-2, Table Stable)  
 CRITICAL Vibrational and acoustic isolation is crucial in these  
experiments.
FD-based AFM with fluid cell (e.g., Nanowizard 3 operated in the  
QI mode (JPK Instruments), Multimode 8 operated in the PeakForce  
QNM mode (Bruker or from other manufacturers)  CRITICAL AFM 
choice is crucial in these experiments. AFM systems from different  
manufacturers come with different specifications, such that they may or 
may not allow, for example, adjusting the frequency and velocity at which 
the piezo of the AFM moves the cantilever to record FD curves, the number 
of pixels scanned per image (at least 256 × 256), the number of data points 
recorded per FD curve (at least 256 points), the contact time of AFM stylus 
and sample and the resolution in z- and xy-scanning directions. Please note 
that commercial AFMs (e.g., Asylum, Bruker, JPK) come with their own 
software tools that show major differences in the ability to extract and  
process FD curves. However, the FD curve maps can be exported and  
post-processed by using third-party software such as MATLAB or Origin.  
 CRITICAL Make sure that the AFM keeps the maximal force applied to  
the sample accurate within a few piconewtons. The maximal scan size 
should be >30 µm to allow searching good sample areas that are suitable for  
high-resolution imaging (i.e., protein membranes or protein assemblies). 
High-resonance rectangular-shaped Si3N4 cantilever (Olympus, 0.1 N m−1, 
28 kHz in water) or V-shaped Si3N4 cantilever with a sharpened silicon 
stylus having a nominal tip radius approaching 2 nm (Bruker, 0.7 N m−1,  
30 kHz in water)  CRITICAL Cantilever choice is a crucial parameter in 
these experiments. For long-timescale mechanics experiments, we recommend  
silicon or silicon nitride cantilevers. Metal-coated cantilevers quite frequently 
suffer from extensive drift due to the difference in thermal expansion  
coefficient between the silicon (or silicon nitride) and metal layers. 
Sterile wipes (Kimtech, Kimberly Clark, prod. no. 05511)
Weighing paper (Macherey-Nagel, cat. no. 186002)

REAGENT SETUP
Purple membrane of H. salinarum  Prepare 100-µl aliquots of purple  
membranes (0.25 mg ml−1) in nanopure water containing 0.01% (vol/vol) 

•

•

•
•
•

•

•
•

•

•

•

•

•

•
•

NaN3. Freeze them and store them at −80 °C until needed. At −80 °C, the 
samples are stable for >12 months. Before starting the experiment, transfer 
one such aliquot to a 4 °C freezer, until its temperature is equilibrated.  
At 4 °C, the samples are stable for several weeks.
Human tau fibrils  Assemble tau fibrils from recombinant human protein 
as described in ref. 147 and store them in PBS containing 1 mM DTT and 
0.01% (vol/vol) NaN3 at 4 °C.  CRITICAL Tau fibrils are stable for weeks when 
they are kept at 4 °C. For longer storage times, up to several months, store the 
fibrils at −20 °C or −80 °C.  CRITICAL Please note that we recommend that 
researchers apply the present procedure to either bacteriorhodopsin from  
H. salinarum or tau fibrils, as a way to familiarize themselves with this protocol 
(see INTRODUCTION), not necessarily to both proteins.
AFM adsorption and imaging buffer solution  Prepare all buffers with  
nanopure water, analytical-grade buffer and electrolytes. Preferably use 
freshly prepared buffers and do not store buffers for more than 1 week. Rinse 
freshly cleaned bottles and measuring cylinders several times with nanopure  
water to remove debris. Make sure that all items that come in contact with 
the electrolyte (e.g., spatula and weighting paper) are very clean so that  
they cannot add contaminants. To adsorb the biological sample to a  
supporting surface, in most cases the electrostatic double-layer repulsion 
between the sample and support must be overcome110,148. This can be  
facilitated by increasing the electrolyte concentration, electrolyte valence 
or by adjusting the pH of the buffer solution. Once the sample has been 
adsorbed to the support, the buffer solution may be changed to a more  
physiological one. High-electrolyte buffers (150 mM monovalent  
electrolyte) are preferred to adsorb protein membranes and complexes to  
the negatively charged mica surface. Divalent ions (i.e., MgCl2) can be  
added to more efficiently compensate the electrostatic repulsion between 
mica and the biological sample.  CRITICAL The biological samples,  
supports and AFM stylus are easily contaminated by particles and  
macromolecules. Thus, the AFM adsorption and imaging buffer solution 
should be clean of contaminants. Every surface (e.g., fluid cell, pipette tips, 
buffer flask) that is in contact with the buffer solution is a potential source  
of contamination and should be cleaned. Therefore, clean these surfaces  
thoroughly and use only nanopure water and analytical-grade chemicals.  
A good control to check whether the buffer solution is sufficiently clean is  
to image freshly cleaved mica in the buffer solution by FD-based AFM  
at very low imaging forces and a scan size of 100–500 nm. Only if the  
mica shows no molecular debris may you conclude that the buffer  
solution and the surfaces that are in contact with the buffer solution  
are indeed clean.

PBS  Combine 137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4 and 1.8 mM 
KH2PO4 (pH 7.4). This can be stored for 1 week at room temperature (20–25 °C).
Adsorption buffer for purple membrane  Combine 300 mM KCl and  
10 mM Tris-HCl (pH 7.8). This can be stored for 1 week at room temperature.
Imaging buffer for purple membrane  Mix 150 mM KCl and 10 mM  
Tris-HCl (pH 7.8). This can be stored for 1 week at room temperature.
Adsorption buffer for human tau fibrils  Mix 150 mM KCl and10 mM  
Tris-HCl (pH 7.8). This can be stored for 1 week at room temperature.
Imaging buffer for human tau fibrils  Combine 50 mM KCl and 10 mM 
Tris-HCl (pH 7.8). This can be stored for 1 week at room temperature.

PROCEDURE
Preparation and mounting of supports ● TIMING 2–8 h
1|	 Punch Teflon foil into a disc shape with a diameter of 1.5–2 cm. Clean the resulting Teflon disc with isopropanol and dry 
it with sterile tissue paper.

2|	 Glue the Teflon disc to a steel disc (or, depending on the AFM used, to another suitable support, such as a glass sample 
holder) with Teflon glue (Loctite 770/406).

3|	 Punch thin (<0.5 mm) mica sheets into discs with a diameter of 0.5–1 cm. Irregular reflections from mica discs indicate 
whether the layered material has been distorted by punching. Glue undistorted mica onto the Teflon disc by using epoxy glue 
(Araldite Rapid).
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 CRITICAL STEP Epoxy glue should be uniformly distributed between mica and Teflon and completely hardened. The glue 
should be devoid of air bubbles, which can cause vibration or drift on the nanometer scale.

4|	 Clean all contact surfaces with isopropanol and/or ethanol. Be aware that small particles or liquid between the support 
and AFM can cause vibrations and drift.

Setting up the AFM ● TIMING 1–8 h
5|	 Place the AFM into a temperature-stabilized room or hood. If neither is available, try to keep the temperature variation 
of the AFM room at minimum.

6|	 Isolate the AFM from mechanical and acoustic noise.
 CRITICAL STEP For the high-resolution imaging of native proteins, the AFM should be placed on an actively or passively 
vibration-damped table. To achieve acoustic isolation, the best option is to place the AFM in a glass bell or an acoustic hood. 
Avoid the cables connecting controller and AFM to couple mechanical or acoustic noise.
 CRITICAL STEP Mechanical and acoustic noise can impair high-resolution FD-based AFM imaging of native proteins  
and the detection of very low forces approaching the piconewton scale. Such noise may be traced by using vibrational  
or acoustic noise analyzers or by recording the deflection of the free AFM cantilever and of the cantilever in contact with  
the mica support.

7|	 Isolate the AFM from sources that may cause electronic noise. To avoid ground loops, which can be a major source  
of electrical noise, make sure that all instruments that are part of the AFM are connected to the same electrical ground.
 CRITICAL STEP Electrical noise impairs high-resolution AFM imaging and the detection of very low forces approaching  
the piconewton scale. To remove electrical noise, look for possible sources of electronic noises by switching off the devices  
individually and checking their effect on the perceived noise. Electrical noise may be detected by sensing the electrical  
input and output signals of the AFM or by deflecting the laser beam from a solid support.

8|	 Turn on the AFM and associated instruments. The laser detecting the position of the cantilever and the control of the 
electronics of the AFM usually require an equilibration time to operate in a stable manner. To avoid ‘drift’ before equilibration 
is achieved, the AFM and associated instruments may be turned on for several hours before performing the measurements.

Choosing the AFM cantilever and cleaning the AFM components ● TIMING ~1 h
9|	 Choose a suitable cantilever, keeping in mind that this choice determines whether proteins can be imaged at high  
resolution in the unperturbed state and whether the mechanical properties of the sample can be detected and qualified  
correctly (see ‘Critical cantilever selection’). Briefly, the cantilever spring constant, resonance frequency (in liquid) and  
tip radius of the stylus must be selected properly for each experiment. Generally, a tip radius ≤10 nm is recommended for 
FD-based AFM imaging approaching a resolution in the nanometer range. If the sample stiffness is unknown at the beginning 
of the experiment, a cantilever with an intermediate stiffness (~0.1–0.5 N m−1) may be chosen. Subsequently, more suitable 
cantilevers should be used to refine the measurement. To image bacteriorhodopsin and human tau fibrils, we advise using 
Bruker cantilevers with styluses having a nominal tip radius of ~2 nm and a spring constant of 0.7 N m−1 (see Equipment).  
It has been proven that these cantilevers can yield high-resolution AFM topographs of both biological samples. However, 
softer cantilevers from Olympus (0.1 N m−1, see Equipment) can yield a higher signal/noise ratio of the FD curves and may 
more accurately determine the mechanical parameters of a soft biological sample.
 CRITICAL STEP The acquisition frequency of the FD curves must be chosen by taking into account the cantilever properties 
(see ‘Critical cantilever selection’). Ideally, recording topographs of a test sample (such as purple membrane) helps identify 
cantilevers that are suitable for sub-nanometer imaging.

10| Clean all components that will be in contact with the buffer solution during AFM imaging, such as the AFM fluid cell  
and sample support. If possible, clean these components using commercially available dishwashing detergent and filtered 
nanopure water. Rinse the components with ultrapure ethanol and nanopure water at least three times, and then dry the 
components using clean (e.g., filtered) nitrogen gas.
 CRITICAL STEP Do not dry the AFM components with pressurized air, as it is in most cases not sufficiently clean and contains 
oil, particles and so on from the compressing process. These particles can contaminate the buffer solution and the sample.

Adsorption of membranes or tau fibrils ● TIMING ~1 h
11| Place the sample support onto the support holder of the AFM.
 CRITICAL STEP Avoid tilting the support in the process.
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12| Cleave the mica disc uniformly by using Scotch tape. To achieve this goal, place a section of Scotch tape on the mica 
disc so as to cover its entire surface, and then peel it off carefully.

13| While peeling off the tape from the mica disc, make sure that the entire disc cleaves. Do so by looking at the peeled  
off mica glued to the tape. If cleavage has not been done properly, some glue from the tape may remain on the mica.
 CRITICAL STEP As it will come in contact with the buffer solution, any glue left on the mica surface will contaminate  
your sample.

14| Watch the mica during cleavage with the tape and make sure that no loosely attached mica sheets flip back to the mica 
disc. Such weakly attached mica sheets severely impair AFM imaging.

15| Prepare the biological sample solution according to option A, if the protein to be investigated is bacteriorhodopsin,  
or option B, if the biological sample is composed of tau fibrils. Please note that in order to adsorb a different protein  
(or nucleic acid) sample it may be necessary to adjust the pH, electrolyte type and electrolyte concentration of the adsorp-
tion buffer to overcome the electrostatic double-layer repulsion between the sample and the support. A detailed overview on  
how to adsorb biological macromolecules to different supports is given in ref. 110.
(A) Preparation of the biological sample for bacteriorhodopsin characterization
	 (i) �Dilute the purple membrane stock solution in adsorption buffer to ~10 µg ml−1 and place ~30 µl of it onto the freshly 

cleaved mica for 15–30 min (refs. 21,110).
(B) Preparation of the biological sample for the characterization of tau fibrils
	 (i) �Dilute the fibril solution in adsorption buffer to a final concentration of ~3 µg ml−1 and place ~10–20 µl of it onto the 

freshly cleaved mica for 10–20 min (refs. 57,92). 
? TROUBLESHOOTING

16| Remove the adsorption buffer on the mica with a pipette. Rinse the sample adsorbed on the mica surface with imaging 
buffer several times (>5) to remove excess and weakly attached membranes and proteins. Finally, add 30 µl of imaging buffer 
on the mica.

17| Place the AFM cantilever in the AFM fluid cell.
 CRITICAL STEP Make sure that the cantilever is attached tightly to the fluid cell and that the spring holder is not loose. 
Check this by gently trying to move the fixed cantilever with sharp tweezers. Any loose motion of the cantilever will transfer 
into drift and the appearance of hysteresis during scanning.

18| Mount the sample and the AFM fluid cell so that the AFM cantilever is immersed in buffer solution. After this,  
thermally equilibrate the AFM. During equilibration, which may take 10–60 min, you may focus the laser beam onto the  
cantilever end and adjust the photodiode signal. A stable diode signal indicates minimum thermal drift.
 CRITICAL STEP To avoid large thermal gradients within the AFM, make sure that the buffer solution is at the same  
temperature as the AFM. Monitoring the deflection signal of a free cantilever is a simple way to check for thermal drift.  
When this drift does occur, the deflection signal easily changes within 1 min, and it is advisable to wait until the  
deflection signal approaches a stable value. When working in liquids with soft cantilevers (~0.05 N m−1), the thermal  
drift of the cantilever can be pronounced at the beginning of the experiment. If the AFM is not thermally equilibrated,  
stable imaging at low applied forces (<100 pN) will be impaired (see Step 25).
? TROUBLESHOOTING

19| (Optional) If the AFM does not thermally equilibrate within the time frame indicated in Step 18, look for the reason  
for this occurrence. For this purpose, watch whether a cantilever mounted onto the AFM drifts either in air or in water.  
If it drifts in both phases, the drift is instrumental or thermal. Next, remove any possible heat source from around the AFM. 
If the drift is not eliminated at this point, contact the AFM manufacturer, as the drift may be instrumental. If the cantilever 
drifts when immersed in water, but it does not do so in air, the cantilever may be defective or contaminated.

Calibration and checking for contamination of the cantilever ● TIMING 10 min
20| To calibrate the cantilever, first position it over a stiff sample, such as the support (mica), on which no (softer)  
biological samples have been absorbed. Then conduct the approach and retraction cycles of the AFM cantilever by pushing 
the AFM stylus to the support, and record the FD curves. As the vertical displacement of the piezoelectric scanner is known 
during these cycles, it is possible to determine how much the cantilever has to deflect to generate a certain voltage  
difference of the photodiode. Because the support (mica, in this case) stiffness is orders of magnitude higher than that of 
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the cantilever, the deformation of the support is negligible compared with the deflection of the cantilever. This relation 
between the cantilever deflection and the voltage difference of the photodiode is described as cantilever deflection  
sensitivity. Usually, commercially available AFMs come with software routines that enable the calculation of the deflection 
sensitivity from FD curves.
 CRITICAL STEP Usually, the factor used to convert the volts measured by the AFM photodiode to nanometers of the  
cantilever deflection is referred to as deflection sensitivity. The deflection sensitivity depends on many parameters,  
including the type of cantilever and how it is mounted. Thus, the deflection sensitivity must be determined each time a  
cantilever is mounted or remounted and every time after the laser beam has been refocused. It is crucial to conduct these 
measurements as precisely as possible, because they will determine how accurately forces can be measured by AFM.
 CRITICAL STEP When recording FD curves, apply as little force as needed (<150 pN) to reach a linear regime in the  
cantilever deflection versus vertical displacement of the piezoelectric scanner and to avoid damaging the AFM stylus.
? TROUBLESHOOTING

21| To complete the calibration process, determine the cantilever’s spring constant (k). For this purpose, use the relevant 
AFM software, which enables users to infer k through the analysis of thermal noise. Please note that, in order to avoid  
surface-induced artifacts, the cantilever must be withdrawn to a distance of at least 100 µm from the support.
 CRITICAL STEP Calibration of the cantilever is necessary to convert the photodiode voltage detecting the cantilever 
deflection into force. The photodiode voltage (V) is multiplied by the cantilever deflection sensitivity (nm V−1) to yield the 
cantilever deflection (nm), which is multiplied by the cantilever spring constant k (N m−1) to calculate the force deflecting 
the cantilever (N). Most manufacturers provide nominal k values for their cantilevers. The k value can be estimated from the 
dimensions of the cantilever and the mechanical properties of the constituent material149. However, calibrated k values of 
cantilevers frequently differ from the nominal values by a factor up to 3. Most AFM software packages enable the determina-
tion of the k value of a cantilever by using the thermal noise method, which records the cantilever’s thermal fluctuations 
and uses the data thus obtained in conjunction with the equipartition theorem150–152. Essentially, the theorem relates the 
absolute temperature of a system with its average energy. The thermal noise method is the most versatile and implementable 
method of cantilever calibration in liquids153. A high estimate of the error in determining the cantilever spring constant is 
20% (ref. 153). It may be argued that other calibration methods are more accurate, but the extra effort required to apply 
such methods makes them rather unfeasible.

22| Record an FD curve directly after engaging the stylus, as this may show whether the stylus or the supporting surface is 
contaminated. FD curves with sharp transitions (Fig. 3a,b) indicate clean preparations. By contrast, FD curves recorded with 
a contaminated sample and/or AFM stylus frequently show irregular and irreproducible FD patterns (Fig. 3c). A good way to 
check whether the AFM stylus has been contaminated is to record FD curves on a clean freshly cleaved mica surface (nothing 
should coat the mica). If the FD curve looks as it does in Figure 3a,b (ref. 76), the AFM stylus is probably not contaminated.
 CRITICAL STEP Loosely bound molecules can contaminate the AFM stylus, and eventual contaminants influence the  
interaction of the AFM stylus with the biological sample. Therefore, the sample, buffer solution and fluid cell have to be 
clean; if they are not, the AFM stylus will be contaminated.
? TROUBLESHOOTING

Low-resolution FD-based AFM imaging ● TIMING ~1 h
23| Engage the AFM at the lowest possible force (100 pN), with optimal (fast) feedback gain and in a small scanning area 
(<10 nm). If the AFM fails to engage, FD curves record no transitions and AFM images contain no information other than noise.  

Figure 3 | Approach and retraction FD curves 
recorded on supporting surfaces. (a) FD curves 
recorded in buffer solution on a clean and 
mechanically stiff support. The sharp transition 
close to the contact area (0 nm) indicates a 
clean AFM stylus (here, Si3N4) approaching a 
clean support (here, mica), and it indicates that 
both materials are mechanically stiff. The good 
agreement between approach and retraction FD 
curves shows no hysteresis and thus also indicates that the AFM system has been set up properly and that the AFM stylus and sample are not contaminated. 
(b) FD curves recorded in buffer solution on a clean, mechanically flexible sample. The relatively smooth transition around the contact area and the 
missing hysteresis indicate that a clean AFM stylus (here, Si3N4) approaches a clean support (here, purple membrane) and that, in this case, the support 
is mechanically softer than the stylus. (c) FD curves recorded in buffer solution using a contaminated AFM stylus. The discontinuous transition and the 
hysteresis between approach and retraction FD curves indicate a contaminated AFM stylus and/or mica surface. FD curves were recorded in buffer solution 
(150 mM KCl, 10 mM Tris-HCl, pH 7.6), by applying an imaging force of 150 pN, a cantilever oscillation amplitude of 50 nm and a frequency of 2 kHz, as well 
as 20.5 data points per nm.
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To engage the AFM, increase the force slightly (through successive ~10 pN steps) as many times as needed to find the lowest 
possible force required to engage your AFM stylus.
 CRITICAL STEP Forcing the AFM stylus to approach the support may damage the AFM stylus. Such damage occurs by  
pressing the AFM stylus at very high force onto the support (500 pN). In addition, the feedback loop that limits the  
maximum force of the AFM stylus contacting the support should be set as fast as possible. Optimal gains are reached just 
below the gains that turn the feedback loop unstable and cause the AFM deflection error and height signals to oscillate.
? TROUBLESHOOTING

24| Image the sample by using the FD-based AFM mode. Adjust the lowest possible imaging force as described in  
Step 23 and optimize feedback gains. Depending on the piezoelectric scanner, one can obtain overview images at sizes  
ranging from ~10 to 50 µm (Fig. 4). Large overview images should be obtained at minimal forces (500 pN) and  
scanning line frequencies (1–2 Hz), with a maximal feedback gain and at a resolution (i.e., pixel size) sufficient to observe 
structural details of the biological sample. The vertical amplitude of the FD curves should be rather high (≈40–60 nm) to 
compensate for larger obstacles and the tilt of the support. The scanning angle may be adjusted to compensate for the tilt 
of the support. Feedback gains are optimal if they are at their maximum possible values without causing the AFM cantilever 
(or piezoelectric scanner) to oscillate during imaging at minimal forces. Keep the scanning speed low to avoid crashing the 
AFM stylus into highly corrugated objects. If the sample is flat, the scanning speed may be increased.
 CRITICAL STEP Throughout imaging, the force applied to the AFM cantilever must be kept at the minimum possible  
values. Slightly increasing the forces deforms the flexible structural regions of the proteins reversibly, until the forces are so 
high that deformation becomes irreversible93,103,111. In many cases, the applied forces have to be adjusted to optimize the 
topographic contrast without deforming the sample.
? TROUBLESHOOTING

25| (Optional) To make sure that the imaging process is not destructive for the soft protein sample, we recommend  
repeatedly imaging the same area of the sample. When sample deformation occurs, the imaging force may be reduced, the 
vertical amplitude moving the cantilever up and down increased, the scanning line frequency decreased and/or the feedback 
gains optimized. Please also note that a large hysteresis between trace and retrace scanning lines can have several causes: 
first, the cantilever may not be attached properly to the fluid cell; second, the support may show defects (i.e., bubbles, 
soft glue, mica badly cleaved); and third, the feedback gains may be too low. If no membranes (or fibrils) are found on the 
support, excessive imaging forces may have been chosen, or the feedback of the AFM cantilever may have been incorrectly 
adjusted. Alternatively, the concentration of the purple membrane (or tau fibrils) in the adsorption buffer may be too low.

26| (Optional) If you observe purple membranes forming stacks or aggregates, ultrasonicate the adsorption buffer containing the  
purple membrane for 1–3 min and repeat adsorption. Ultrasonication dissolves purple membrane aggregates but not purple mem-
brane. Be aware that you may not ultrasonicate other protein samples, as they are usually much less stable than purple membrane.
? TROUBLESHOOTING

High-resolution FD-based AFM imaging ● TIMING 2–4 h
27| After performing imaging overviews (Steps 23–26), zoom in on a selected area of your biological sample (Fig. 5).  
Preferably, this area should show flatly adsorbed purple membrane patches or tau fibrils. Adjust the amplitude by vertically 
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Figure 4 | FD-based AFM images of purple 
membrane adsorbed onto mica. (a–e) AFM 
topography (a), deformation map (b), adhesion 
map (c), DMT modulus map (d) and force error  
map (e). (a–e) Vertical scales correspond to 10 nm (a), 
0.5 nm (b), 40 pN (c), 8–90 MPa (d) and from −50 
pN to 50 pN (e). The red lines in the AFM images 
(a–e) indicate where the vertical profile shown 
below each image has been extracted. Gray lines in 
panels b–e show the topographic profile recorded 
in a. The topography shows densely packed 
patches of bacteriorhodopsin surrounded by thin 
rims of a lipid bilayer. Data were recorded in buffer 
solution (150 mM KCl, 10 mM Tris-HCl, pH 7.8), by 
applying an imaging force of 140 pN, a cantilever 
amplitude of 40 nm, a frequency of 2 kHz and a 
scanning frequency of 1 Hz per line. Note that a 
soft cantilever was chosen to measure the Young’s 
modulus of purple membrane, which gives a wrong 
estimate of the Young’s (DMT) modulus of mica 
(see ‘Critical cantilever selection’).
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moving the AFM stylus until the topographic contrast  
(or other contrast) is optimal. At the beginning, the  
amplitude may be adjusted roughly to the expected  
height of the object (e.g., membrane proteins, 4–15 nm; 
protein fibrils, 10–25 nm). Please note that at too-high 
amplitudes the force feedback may be impaired and the 
biological sample may be damaged.
? TROUBLESHOOTING

28| For high-resolution FD-AFM imaging, the imaging  
force needs to be minimized to detect the smallest  
possible structural details with a minimal deformation of 
the soft biological sample. Therefore, reduce the imaging 
force to a minimum and re-adjust the feedback gains until the contrast of the AFM topography is maximal and the error force 
is minimal (see Step 24). To determine the minimal force, reduce the imaging force to a value at which the stylus does not 
come into contact with the sample surface anymore. After this goal is achieved, slightly increase the imaging force until the 
topography of the sample appears. As a control, AFM topographs recorded in the trace and retrace scanning directions should 
show the same information (e.g., no lateral shift, height difference or structural difference of the biological object). Typical 
imaging forces are around or below 100 pN.
 CRITICAL STEP Some AFM systems make it possible to record FD curves at one or a few preset frequencies. Keep in mind 
that moving the cantilever up and down at small amplitudes comes along with a relatively long contact time between the 
stylus and the sample. Conversely, larger cantilever amplitudes reduce the contact time and increase the overall velocity of 
the cantilever. Increasing the contact time increases the probability that the sample nonspecifically adheres to the stylus.  
As a result, the withdrawing stylus may extract proteins from the membrane or fibril21,57,97. Furthermore, when moving the 
AFM stylus up and down in a sinusoidal manner, the velocity of the AFM stylus is nonlinear. Be aware that the velocity of the 
AFM stylus (i.e., force-loading rate) affects the mechanical response (e.g., stiffness) of the biological sample103. Thus, it is 
important to define the velocity of the AFM stylus to accurately describe the mechanical properties of a sample.
? TROUBLESHOOTING

29| Optimize the feedback gains by increasing the gains in small increments until the system oscillates, which is observed  
as fringes in the AFM topography or deflection error signal. Then reduce the gains slightly below this value. The scanning 
line frequency/velocity can be lowered to improve the feedback, as more FD curves per pixel can be achieved; however, 
recording too many FD curves per scanning area can damage the sample (see Steps 25 and 28).
? TROUBLESHOOTING

30| Fine-tune the feedback gains until topographic contrast becomes maximal and the imaging force error becomes  
minimal. The entire process we describe (Steps 28 and 29) may be fine-tuned iteratively.
? TROUBLESHOOTING

31| Reoptimize the FD-based AFM parameters when changing the scanning area, scanning speed or any other scanning  
parameter. Please note that when the scanning speed is too high, the cantilever cannot track the sample properly.  
As a result, long shadows and streaks will be observed in the topography and imaging force error image.
? TROUBLESHOOTING
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Figure 5 | High-resolution FD-based AFM of the extracellular purple 
membrane surface reveals sub-structural details of bacteriorhodopsin trimers. 
(a,b) Raw data (a) and average (b) AFM topography of bacteriorhodopsin 
trimers. (c,d) Raw data (c) and average (d) DMT modulus map. (e,f) Raw 
data (e) and average (f) deformation map. Averages were calculated from 
unit cells extracted at the positions from which the bacteriorhodopsin 
trimers were observed in the topograph87. (a–f) Vertical scales of  
0–1.0 nm (a,b), 5–18 MPa (c,d) and 0.2–1.2 nm (e,f). The red lines in the 
AFM images indicate where the vertical profile shown below each image has 
been extracted. Gray lines in c–f show the topographic profile recorded in  
a and b. Data were recorded in buffer solution (150 mM KCl, 10 mM Tris-HCl, 
pH 7.8), by applying an imaging force of 45 pN, a cantilever amplitude of  
14 nm, a frequency of 2 kHz and a scanning frequency of 0.77 Hz per line.
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32| Each time, before zooming into an area of interest (e.g., increasing the magnification by increasing the number of  
lines scanned per unit area), set the imaging force and feedback gains to an optimum (Steps 28–30). Please note that as 
magnification increases the FD amplitude may be reduced.
? TROUBLESHOOTING

33| After zooming into an area of interest, check whether the structural details (e.g., resolution) increase with the number 
of lines scanned per area. If the structural details increase, the AFM stylus may be sharp. If detail does not improve, the 
resolution limit is reached. This limit is defined by the sample, stylus and imaging parameters (e.g., scanning line frequency 
and velocity, frequency and velocity at which the AFM stylus is moved to record FD curves, imaging force and feedback loop).
 CRITICAL STEP The term (point) resolution refers to the minimum separation of two adjacent points (i.e., pixels) that  
can be detected and interpreted. The pixel size of the AFM image corresponds to the image size in nanometers divided 
through the number of lines scanned. Thus, to be able to attain a final lateral resolution of ~1 nm, the pixel size needs  
to be ~0.5 × 0.5 nm2 or smaller154,155.
 CRITICAL STEP In many cases, the AFM stylus becomes sharper as scanning proceeds. Although very blunt styluses  
in most cases do not get sufficiently sharp to contour fine structural details, sharp styluses often get sharper over time,  
allowing high-resolution topographs to be recorded. These stylus changes can be observed by imaging structurally  
well-defined biological specimen (proteins, in this case). As the stylus shape changes during continuous scanning, the  
structural details imaged change until finally proteins can be imaged in their native states without an apparent asymmetry  
or other topographical features being induced by stylus artifacts156. In this protocol, imaging a known biological structure 
such as purple membrane or tau fibrils enables readers to become familiar with the process of optimizing the FD-based  
AFM imaging parameters and artifacts. In any case, achieving high-resolution FD-based AFM topographs and images takes  
patience. The operator needs to wait for the stylus to get sufficiently sharp to contour structural details of the proteins. 
During this time, the operator has to continuously control and optimize the imaging parameters and has to explore whether 
higher resolution can be achieved on different sample areas on the support.

? TROUBLESHOOTING

FD curve analysis ● TIMING >2 h
34| Different AFM systems may use different procedures to extract the mechanical parameters recorded by FD-based AFM 
imaging. The most common parameters that can be extracted from approach and retraction FD curves are deformation,  
elastic modulus, adhesion and energy dissipation (Fig. 1; see ‘Critical FD curve analysis’). Experimenters should go ahead  
and extract these parameters. We also recommend that experimenters consult an excellent review on the analysis of FD 
curves76, which will facilitate the thoughtful setting of these parameters. A number of different data analysis options can  
be implemented, depending on the equipment used. Also in this case, make sure to extract and analyze data by using the 
capability of your system to its fullest extent. Most FD-based AFM systems (e.g., Bruker, JPK Instruments) come with  
the option to simultaneously display parametric maps extracted from FD curves while recording the AFM topography.  
The recorded FD-based AFM topography can also be saved as an array of FD curves. The analysis software that comes with the 
AFM systems enables you to extract the FD curves and to analyze them according to user preference (e.g., fit-regions for the 
contact regime, selection of the model used to calculate the elastic modulus). Furthermore, single FD curves can be selected 
from the AFM topography and then displayed and analyzed to, for example, extract adhesion forces or deformation values. 
The FD curves may also be extracted and saved as text or ASCII files for further analysis by user-adaptable software  
(e.g., MATLAB or Origin).
 CRITICAL STEP To allow quantitative and comparative measurements of the biological sample, it is important to keep  
the experimental parameters (e.g., buffer solution, temperature, imaging force, velocity, vertical cantilever amplitude,  
feedback loop, cantilever) constant and the analysis procedures unchanged.

35| (Optional) As already extensively discussed, particularly when working with soft biological specimens, it is required  
to apply low imaging forces (≤100 pN) to prevent irreversible deformation of the specimen. The use of very low imaging 
forces, however, can have the disadvantage that the FD curves obtained are too noisy to be correctly analyzed. If this is the 
case, apply higher imaging forces, which may increase the signal-to-noise ratio of the FD curve, and repeat Steps 30 and 31.
 CRITICAL STEP The imaging force can only be enhanced within certain limits that ensure the integrity of the fragile  
sample (Step 28).

36| (Optional) If the cantilever is too stiff, the mechanical properties of the soft biological sample may not be detected 
properly (Fig. 4d and ‘Critical cantilever selection’). If this is the case, replace the cantilever with one that has a low spring 
constant and high deflection sensitivity, as it will greatly improve the acquisition of the mechanical properties. At this 
point, repeat all steps beginning from Step 17 with the new cantilever.
? TROUBLESHOOTING
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? TROUBLESHOOTING
Steps 15 and 24
Problem. AFM topographs show no protein sample.
Possible reason. No proteins may have been adsorbed or AFM imaging parameters must be re-adjusted.
Solution. Increase the cantilever amplitude, reduce the imaging force and improve feedback to make sure that protein  
membranes or fibrils are not brushed off the mica by the scanning AFM stylus. If this approach proves unsuccessful,  
prepare a new sample by using a different adsorption buffer (one with a higher ionic strength and/or a different pH),  
a higher protein concentration and a longer adsorption time (Steps 12–16). If the mica is not clean, it may be contaminated 
by small particles that are present in the protein sample; in this case, make sure to dialyze or to wash your protein sample 
(see Reagent Setup and Steps 12–16).

Steps 18, 20 and 22
Problem. Periodic or aperiodic deviations of FD curves not related to sample topography.
Possible reason. The setup is not in thermal equilibrium or the buffer solution evaporates extensively.
Solution. As a permanent solution to this problem, we recommend a temperature-control system that hosts the entire  
AFM setup, buffer solutions and pipettes, and holds the temperature stable. Alternatively, make sure that the temperature  
in the environment or room in which the setup is hosted is well controlled, and allow the setup to equilibrate longer before 
beginning experiments. It may be beneficial to switch on the equipment several hours before the experiment is anticipated 
to start. Store all buffer solutions and materials used for the experiment in the temperature-controlled environment for 
several hours before the experiment.

Steps 20 and 22
Problem. When recording approach-retraction FD curves to calibrate the cantilever deflection sensitivity, the deflection signal 
is irregular and shows irreproducible strong adhesion peaks.
Possible reason. The cantilever or sample support is contaminated.
Solution. Scan fast over large areas of the support, purple membranes or tau fibrils to brush off contamination. If this  
approach does not help, mount a new or cleaned cantilever (as in Steps 17 and 18) and/or prepare a new (cleaner) sample 
(Steps 10–16). If this approach does not help either, make sure that the support, the sample and the buffer solution are clean.

Step 23
Problem. Horizontal and/or vertical offset voltage values of the photodiode change drastically when engaging the AFM stylus.
Possible reason. (i) The cantilever is not mounted correctly or AFM is not thermally equilibrated. (ii) The sample support 
oscillates and may be badly glued or cleaved.
Solution. Remount the cantilever (as in Steps 17 and 18) and/or prepare a new sample support (Steps 11–13), and then 
thermally equilibrate the AFM.

Step 24
Problem. AFM topographs recorded at low resolution are noisy.
Possible reasons. (i) AFM feedback gains and/or scanning speed are too high. (ii) Mechanical, thermal or electrical noise 
interferes with the AFM system.
Solution. (i) Adjust feedback gains and scanning speed (Step 24). (ii) Check all mechanical, thermal and electrical noise 
sources (Steps 5–8).

Step 24
Problem. AFM topographs recorded at low resolution show contamination.
Possible reason. The AFM stylus or the sample may be contaminated.
Solution. Scan the mica repeatedly at high speed (~20 lines per second), and adjust the frequency by moving the cantilever 
up and down in order to adjust the scanning line frequency and/or to modulate the forces applied to the AFM cantilever 
(~100–500 pN) to brush off the contamination from the stylus (Step 24). If the AFM stylus has been cleaned, FD curves 
recorded on mica show a sharp deflection upon contact of the support (Fig. 3a,b; Step 22). The absence of a sharp deflec-
tion indicates that either the AFM stylus or mica is contaminated (Fig. 3c). If brushing off contaminants was unsuccessful, 
replace the cantilever (as in Steps 17 and 18) and/or prepare a new (cleaner) sample (Steps 11–18). To prevent contamina-
tion of the AFM stylus, it may be helpful to add glycerol (up to 30% (vol/vol)) to the buffer solution. Please note that the 
stylus-contaminating behavior can vary widely depending on the wafer from which the AFM cantilever was taken. Selecting 
AFM cantilevers from a different wafer may thus solve the problem.
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Step 24
Problem. A large hysteresis is observed between the trace and retrace scanning directions when recording large overview 
scans (>10 × 10 µm2).
Possible reason. The cantilever is not mounted correctly or the support is prone to oscillations.
Solution. Repeat Steps 11–14 (replace the support) and Steps 15 and 16 (adsorb a new sample) or Steps 17–21 (remount and 
calibrate the cantilever).

Steps 24 and 27 
Problem. Simultaneously recorded trace and retrace topography do not overlap.
Possible reason. The AFM imaging parameters are not adjusted properly or the sample (or fluid cell) is not tightly fastened to 
the piezoelectric scanner.
Solution. Adjust the imaging force (higher), scanning speed (slower) and feedback gain (higher) (Steps 24–31). If these 
adjustments do not address the problem, check whether the sample support (or, depending on the AFM used, the fluid cell) is 
tightly mounted to the piezoelectric scanner.

Steps 27–33
Problem. High-resolution images are unstable and streaky.
Possible reason. AFM feedback parameters or/and imaging force are not adjusted properly.
Solution. (i) Thermally equilibrate the AFM (Steps 5–8) and optimize the AFM feedback parameters so that the force error 
channel is minimized (Steps 23–32). (ii) Reduce the force applied to the AFM cantilever. To test whether the applied force 
was too high, visualize the possible damage. To achieve this, scan a fresh sample area at higher magnification and then 
scan an overview of the same area at a lower magnification. To reach minimal force, ensure that the drift of the AFM is at its 
minimum by watching the vertical offset of the cantilever deflection over time.

Steps 27–33 
Problem. High-resolution images show artifacts.
Possible reason. AFM stylus may be contaminated or shows stylus artifacts: See troubleshooting advice to the problem  
that can be encountered at Steps 23, 24 and 27–33.
Solution. Mount a new/clean AFM cantilever (Steps 17 and 18), calibrate the cantilever (Steps 20–22) and re-image  
the sample (beginning from Step 24).

Steps 27–33 
Problem. High-resolution images are strongly distorted, showing either a large hysteresis between the trace and retrace  
scanning direction or sample features deformed along different scanning directions.
Possible reason. Sample preparation is of insufficient quality or the cantilever is defective.
Solution. Check the quality of sample preparation. Is the glue evenly spread under the mica? Is the mica tightly coupled to 
its support (Steps 1–4)? Is there any dirt or dust lodged between the sample holder and the sample (see Reagent Setup)? 
Has the fluid cell been mounted correctly (Step 18)? Make sure that the cantilever is not defective and check that the  
calibration of the piezoelectric scanner is correct (Steps 20–22).

Steps 27–33
Problem. High-resolution images (e.g., topography, force error) show oscillations at minimal force.
Possible reason. AFM feedback gains and/or scanning speed are too high.
Solution. Optimize the gains and scanning speed. If required, realign the laser to optimize the diode signal. If an  
expected molecular symmetry (e.g., bacteriorhodopsin trimer or protein fibril) is not observed, change and calibrate the  
AFM cantilever by implementing Steps 17–22.

Steps 27–33
Problem. In spite of all efforts, the resolution of the AFM topograph remains mediocre.
Possible reason. (i) AFM imaging force, feedback gains or speed are not optimized. (ii) The AFM stylus is not sharp enough.
Solution. Repeatedly optimize the AFM imaging parameters (Steps 27–32). If the resolution of the AFM topograph does not 
improve (see Step 33), change and calibrate the AFM cantilever by implementing Steps 17–22.

● TIMING
To become familiar handling the sample, support and AFM, it takes an AFM beginner at least 2–4 weeks of training, after that 
the following timings can be used as guidance.
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Steps 1–4, day 1, preparation of mounting supports: 2–8 h
Steps 5–8, day 1, setting up the AFM: 1–8 h
Steps 9 and 10, day 2, choosing the AFM cantilever and cleaning the AFM components: ~1 h
Steps 11–19, day 2, adsorption of membranes or tau fibrils: ~1 h
Steps 20–22, day 2, calibration and checking for contamination of the cantilever: 10 min
Steps 23–26, day 2, low-resolution FD-based AFM imaging: ~1 h
Steps 27–33, subsequent days, high-resolution AFM imaging: 2–4 h (after 2–4 weeks of training)
Steps 34–36, FD curve analysis: >2 h (depending on the degree of post-treatment of the FD curves, e.g., with MATLAB)

ANTICIPATED RESULTS
Depending on the sample corrugation, native membrane proteins are expected to be imaged at ~1-nm resolution.  
Flat membranes, such as purple membranes, which show 2D bacteriorhodopsin assemblies with protrusions less than 1 nm  
in height, will allow sub-nanometer resolution and thus the visualization of polypeptide loops that connect individual  
transmembrane α-helices. Depending on the imaging force applied, FD-based AFM enables the imaging of the polypeptide 
loops in the unperturbed state. Proteins and fibrils that protrude by more than 3 nm from the mica surface may be  
imaged at a resolution approaching 2 nm, because such ‘large’ protrusions are likely to be structurally flexible and their  
protruding height prevents the proper contouring of the sample surface by the AFM stylus. Consequently, examples shown  
in Figures 2, 4 and 5 can be obtained routinely by using the software provided with the AFM systems mentioned in the 
MATERIALS section.

The acquisition of FD curves from single membrane-embedded proteins is easy, although the correct analysis and full  
interpretation of the FD curves requires expertise and may become challenging. As the cleanliness and stability of the  
instrument are major requisites for obtaining high-resolution FD-AFM data of the biological specimen, relevant  
precautions must be taken to prevent contamination, as contaminants may introduce artifacts in recording FD curves  
at molecular resolution.
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